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The development of cryo-electron microscopy (cryo-EM) allowed microtubules to be cap-
tured in their solution-like state, enabling decades of insight into their dynamic mechanisms
and interactions with binding partners. Cryo-EM micrographs provide 2D visualization of
microtubules, and these 2D images can also be used to reconstruct the 3D structure of
the polymer and any associated binding partners. In this way, the binding sites for numer-
ous components of the microtubule cytoskeleton—including motor domains from many ki-
nesin motors, and the microtubule-binding domains of dynein motors and an expanding
collection of microtubule associated proteins—have been determined. The effects of vari-
ous microtubule-binding drugs have also been studied. High-resolution cryo-EM structures
have also been used to probe the molecular basis of microtubule dynamic instability, driven
by the GTPase activity of β-tubulin. These studies have shown the conformational changes
in lattice-confined tubulin dimers in response to steps in the tubulin GTPase cycle, most
notably lattice compaction at the longitudinal inter-dimer interface. Although work is ongo-
ing to define a complete structural model of dynamic instability, attention has focused on
the role of gradual destabilization of lateral contacts between tubulin protofilaments, par-
ticularly at the microtubule seam. Furthermore, lower resolution cryo-electron tomography
3D structures are shedding light on the heterogeneity of microtubule ends and how their 3D
organization contributes to dynamic instability. The snapshots of these polymers captured
using cryo-EM will continue to provide critical insights into their dynamics, interactions with
cellular components, and the way microtubules contribute to cellular functions in diverse
physiological contexts.

Introduction
Since microtubules (MTs) were first observed in cells [1,2] and tubulin was first purified and proposed to
be the building block of MT [3], electron microscopy (EM) has been a crucial technique for investigating
MT molecular mechanism and functional context in cells and tissues. Early EM work helped define the
organization of individual tubulinαβ-heterodimers, aligned head-to-tail within protofilaments (PFs) and
linked via lateral connections between PFs to form the cylindrical, polar MT tube. Initial progress on MT
ultrastructure–and the diversity of other oligomers and polymers that tubulin can form—was made using
heavy metal staining [4–6]. However, the advent of cryo-electron microscopy (cryo-EM) [7] meant that
MTs could be captured in their solution-like state [8], paving the way for decades of insight into their
dynamic mechanisms and interactions with binding partners including molecular motors.

Early cryo-EM micrographs provided compelling 2D visualizations of these beautiful polymers (Figure
1). The ultra-fast freezing (vitrification) in cryo-EM sample preparation not only revealed the appearance
of the MT lattice, but also enabled the conformational variability of dynamic MT ends to be captured [9].
MT ends are the major sites of dynamic transitions—a behavior termed dynamic instability [10]—and
interpretation of tubulin conformations visualized in these regions still challenges the field (see below).
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Figure 1. Unstained frozen-hydrated MTs stabilized with DCX and Taxol

Electron cryo-micrograph was obtained with a 120 kV microscope (Tecnai T12, FEI). Straight and curved MTs with a uniform

diameter (13-PF architecture) are darker than ice (vitrified buffer). Some polymers are bundled, flattened or otherwise disrupted.

In intact MTs, PFs are visible by glancing along their length and their number can be deduced from the striation pattern (so called

moiré pattern) [8]. MT edges appear darker due to the presence of several PFs in the projection.

MTs polymerized in vitro from mammalian brain-purified tubulin (still the most practical source of tubulin)
are built from a range of PF numbers, typically from 11 to 16. This contrasts with the predominance of 13-PF
MTs seen in most eukaryotic cells [4,11]. Although different polymerization conditions can alter this PF distribu-
tion [12], how this is determined and its significance is still not understood. Nevertheless, the diversity of poly-
mer architecture has helped define the rules by which the lattice is built [13], highlighting the presence of a lat-
tice discontinuity/discontinuities—known as seams—in which the otherwise helical arrangement of tubulin subunits
within the MT lattice is interrupted.

As well as allowing direct visualization of MTs, the 2D images collected in cryo-EM experiments can be used to
computationally reconstruct the 3D structure of the polymer. An important early landmark was determination of the
3D structure of the tubulin dimer itself, not from cryo-EM images of MTs in the first instance but from 2D crystals of
zinc-induced sheets of anti-parallel PFs [14] (see below). This work defined the PF structure and the positions of the
exchangeable (E-site) and non-exchangeable (N-site) GTP/GDP-binding sites within the tubulin dimer, subsequently
allowing the PF configuration within MTs to be defined [15].

The combination of cryo-EM imaging and 3D reconstruction has allowed binding site determination for numer-
ous components of the MT cytoskeleton, including motor domains from many members of the kinesin superfamily
of molecular motors, and the MT-binding domains (MTBDs) of dynein motors and a host of MT-associated proteins
(MAPs) (Figure 2). In these experiments, the cylindrical geometry of a MT is exploited to determine the structure of
a MTBD in its MT-bound conformation. Multiple copies of the MTBD of interest attach regularly along the lattice
according to their particular binding site—e.g. kinesin motor domains bind every tubulin dimer, centered over the
intra-dimer interface. The many views of the MT-bound MTBD present in each MT image are computationally aver-
aged to reveal its 3D shape. In turn, this binding serves as a regular marker of the underlyingα- andβ-tubulin subunits
within the lattice, thereby also revealing the position of the seam in the pseudo-helical MT architecture [16,17]. Re-
cently, the availability of direct electron detectors has caused a resolution revolution in cryo-EM [18] and enabled
the calculation of near-atomic reconstructions of a diversity of MT-binding protein complexes [17,19–24]. In tandem
with software development [25], these data now enable the relatively subtle differences between α- and β-tubulin
to be distinguished computationally, enabling near-atomic reconstructions of naked (undecorated) MTs [26], and
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Figure 2. MAPs and motor proteins studied by cryo-EM

Several structures of MTBDs or MT-binding polypeptide regions of MAPs and motor proteins have been determined in association

with MT lattice by single-particle cryo-EM performed on decorated MTs. Atomic models of these structures are placed at relevant

sites on the surface of an atomic model of MT lattice, all shown in solvent-excluded surfaces (SES) representation generated with

ChimeraX [71]. The MT model was obtained by fitting a 6-dimer atomic model (PDB: 6EVZ) into near-atomic resolution cryo-EM

map (EMDB: EMD-3964); the polarity of each MT is indicated by (+) and (−) signs. MAP models include: tau (PDB: 6CVN), WHAMM

(PDB: 5X1G), NDC80/NUF2 (PDB: 3IZ0), EB (PDB: 3JAK), PRC1 (PDB: 5KMG), DCX (PDB: 4ATU), CAMSAP (PDB: 5M5C) and

TPX2 (PDB: 6BJC). Motor models include two copies of an example typical (+) end directed kinesin motor domain (PDB: 5ND7)

and four copies of the (−) end directed dynein MTBD (PDB: 3J1T) reconstructed together with MTs. The cluster of four dyneins

assembled on dynactin and the MT was identified by cryo-ET [66], with lower resolution than the single-particle studies, which is

indicated with isosurface representation of the experimental density (EMDB: EMD-7001). Structures of all dynein domains have

been determined at high-resolution by both X-ray and cryo-EM studies not involving MT templates/tracks, hence not fitted into the

density, except the dynactin/BICD part of the complex indicated for clarity. Kinesin motor domains are joined (dimerized) by the

cartoon of a kinesin neck region and coiled-coil stalk region extending to cargo-binding elements. Similarly, BICD cargo adaptor is

extended with a cartoon of cargo-binding elements.

of MTs decorated with unstructured or flexible MAPs, interacting with MT lattice via relatively short oligopeptides
[22,24,27] (Figure 2).

These technical developments have also enabled visualization of the subtle structural transitions within the MT lat-
tice driven by the tubulin GTPase activity and which drive dynamic instability [17,19,23,26]. These structural findings
have provided vital insights into the molecular basis of dynamic instability, which is crucial for many MT functions.
This includes the highly dynamic MT-based spindle machinery that drives cell division and which is targeted by
widely used cancer chemotherapeutics. Here, we concentrate on in vitro studies of MTs using cryo-EM with a fo-
cus on molecular fundamentals of MT dynamics, and MAPs and drugs, whose activities modulate structural and
functional characteristics of MTs.

MAPs and motors on MT tracks
MAPs are essential in mediating the physical and biochemical properties of MTs with a wide range of cellular func-
tions. Some of them modulate these properties in vitro and in vivo, for example, by spatially and temporarily
regulating MT nucleation, dynamics, stability or post-translational modification patterns (‘tubulin code’) [28] at
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various stages of the cell cycle. Motor proteins, on the other hand, are required for various mechanical tasks, such
as intra-cellular transport or flagellar beating, using energy from ATP binding and hydrolysis. Different MAP and
motor MTBDs characterized by cryo-EM through co-polymerization or decoration of MTs are presented in Figure 2
and will be briefly discussed.

MAPs with linear MT-binding motifs
Tau and its isoforms [29] were the first identified MAPs and, together with related MAPs such as MAP2, are largely
unstructured. This has presented a long-running challenge to structural biologists to identify its MT-binding site.
Lower resolution (∼30 Å) reconstructions yielded conflicting conclusions that tau/MAP2 bound on either the outer
PF ridge [30] or in the MT lumen [31]. However, with direct detector data and more modern reconstruction al-
gorithms, tau’s binding mode on the outer surface of MTs has been precisely confirmed at high resolution [22].
Conserved oligopeptide repeats of tau stabilize MTs by binding in tandem across tubulin dimers on the PF ridge
(Figure 2). Another critically important interaction of tau with MTs involves the negatively charged C-terminal tails
of tubulin (also called E-hooks) [32], but because they are disordered, they remain obscure to structural analyses by
cryo-EM. Hyperphosphorylation of tau favors its dissociation from MTs and aggregation into amyloid fibers found
in Alzheimer’s disease, the structures of which were also recently solved by cryo-EM [33].

TPX2 and WHAMM are examples of modular, multidomain and multifunctional MAPs. TPX2 is important for
chromatin-mediated MT nucleation during the onset of mitosis [34]. It facilitates MT nucleation by binding the
MT wall via two elements: the ‘ridge’ and ‘wedge’, which are flexibly linked in the middle region of the protein to
simultaneously span longitudinal and lateral lattice contacts (Figure 2). Only the ‘ridge’ and ‘wedge’ are visible in the
MT reconstruction due to flexibility of the rest of the TPX2 molecule. WHAMM is a WASP homolog associated with
actin, membranes and MTs. It nucleates actin filaments and links them with MTs and membrane vesicles to remodel
them into tubular structures upon transport from the endoplasmic reticulum to the Golgi apparatus [35,36]. Cryo-EM
reconstructions revealed binding of an oligopeptide in the central coiled-coil region acrossα- andβ-tubulin bridging
two dimers in the MT lattice [27,37] (Figure 2), explaining how WHAMM’s activities are structurally coordinated.

MAPs with globular MTBDs
Other MAPs bind to MTs via globular MTBDs. Intriguingly the calponin homology (CH) domain is shared among
several different MAPs that bind MTs in quite different ways. End-binding proteins (EBs) autonomously and dynam-
ically bind a region immediately behind growing MT (+) and (−) ends via their CH domain [38,39], an activity that
causes the classic comet-like behavior of fluorescently labeled EBs in cells. EB CH domains bind preferentially to
MTs grown in the presence of the GTP analogs GTPγS and GDP.BeF [40,41], suggesting that EBs track growing MT
ends by recognizing a GDP.Pi-like structural state of tubulin within the MT lattice. The first pseudoatomic model of
a CH domain bound to MTs was that of the fission yeast EB Mal3 determined at sub-nanometer resolution [40]. This
structure revealed that the CH domain of Mal3 bridges PFs at the corner of four tubulin dimers, adjacent to E-sites
of two β-tubulins, thereby suggesting a direct route for sensing the nucleotide state of MT lattice. More recently, a
near atomic resolution reconstruction of the CH domain from the mammalian EB3 protein decorating GTPγS-MTs
allowed atomic model refinement directly in the EM density, characterizing EB–MT interactions in more detail and
shedding more light on GTPase-dependent conformational changes in tubulin (discussed more below) and the sen-
sitivity of EBs to them [19].

Both NDC80 and NUF2—the MT-binding components of the NDC80 hetero-tetrameric kinetochore complex—
contain a CH domain that can recognize both intra- and inter-dimer interfaces. Species specific variations have been
reported [42], but the human NDC80 complex appears to bind MTs uniformly with a tubulin monomer repeat (Figure
2). The disordered cationic N-terminal tail of NDC80 is critical for high-affinity MT binding [43] and is the target
of phospho-regulation by Aurora B kinase [44]. The sub-nanometer cryo-EM reconstructions of NDC80-decorated
MTs revealed that this region mediates self-association of NDC80 complexes along PFs, shedding light on how they
stay attached to spindle MTs while these MTs depolymerize, driving segregation of chromosomes during cell divisions
[45–47].

The calmodulin-regulated spectrin-associated protein (CAMSAP)/Patronin family of proteins participates in or-
ganizing non-centrosomal MT networks important for cell division, polarization and differentiation by regulating
MT (−) end dynamics [48,49]. The globular C-terminal CKK domain of CAMSAPs autonomously recognizes MT
(−) ends and also binds to the MT lattice between two tubulin dimers at the inter-PF interface [50] (Figure 2), a
binding site that lies 4 nm away from that of the EBs. Cryo-ET experiments provided insight into the 3D structure of
the transition zone between the regular lattice and the more curved, sheet-like PFs at MT ends. The CKK MT (−) end
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preference was proposed to arise from CKK recognition of the intrinsic polarity by which tubulin curvature develops
at MT ends [50].

The neuronal MT-nucleating and stabilizing protein doublecortin (DCX) contains two ubiquitin-like MTBDs sepa-
rated by a 42-residue unstructured linker. It was shown to strongly promote 13-PF lattice architecture in vitro [51,52].
Via a single DC domain, DCX binds in the vertex of four tubulin dimers in the lattice [53] (Figure 2), the same binding
site as EBs [40]. DCX stabilizes both longitudinal and lateral lattice contacts and is sensitive to the nucleotide state of
the lattice [23]. The length of the linker between the DC domains would theoretically permit simultaneous binding of
both N- and C-DC domains to the MT lattice, but due to their highly similar fold, current sub-nanometer resolution
reconstructions have not yet clarified the extent of their individual involvement in this interaction.

The MTBD in PRC1 (protein regulator of cytokinesis 1) is elongated and projects from the MT wall [54]. It
cross-links MTs by dimerizing via its N-terminal domains and binding to MTs via the C-terminal spectrin domains.
This facilitates generation of anti-parallel MT arrays during mitosis. The spectrin domains bind on the crest of PFs
like kinesins, each to a single tubulin dimer (Figure 2), determining the geometry of the resulting PRC1-MT arrays
[21,55].

Kinesins and dyneins
Kinesins and dyneins are complex, multidomain and multimeric motors that navigate around the MT cytoskeleton.
Globular ∼40 kD kinesin motor domains bind MTs and undergo ATPase-linked conformational changes that drive
motor movement (Figure 2). Cryo-EM studies of motor domains from a wide range of kinesins have yielded key
insights into their mechanochemistry [56–61]. The dynein motor (ATPase) domain is completely unrelated to ki-
nesin and is a 6 AAA (+) (‘ATPases associated with diverse cellular activities’) ring separated from the MT track by a
long coiled-coil stalk ending with its relatively small (∼10 kD) MTBD (Figure 2). Cryo-EM structures of MT-bound
dynein MTBD [62,63] have shown that its MT-binding site is very similar to that of kinesins and is centered over the
intra-dimer interface of the tubulin dimer. Larger complexes of cytoplasmic or ciliary dyneins bound to MTs have
been studied by tomography (cryo-ET) [64–67]. An emerging theme in the way that MT-based motor transport is reg-
ulated is the response of kinesins and dyneins to MAPs present on the motors’ MT tracks [68–70]. The reconstitution
and structure determination of multicomponent motor, MAP-MTs, is an exciting future direction that offers struc-
tural insight into the cross-talk between various components of the MT cytoskeleton. Thus, we will gradually become
equipped with more and more sophisticated tools to literally look at MT biology and its associated pathologies.

Tubulin conformational landscape and structural basis of
dynamic instability
Over three decades since the discovery of MT dynamic instability [10], a full understanding of its mechanism is still
lacking. We know that it is driven by GTP hydrolysis in the β-tubulin subunit within the MT lattice, but it is unclear
why the GTP lattice is stable and forms a cap that supports MT growth, while the GDP lattice is unstable, resulting in
MT catastrophe when the cap is lost (i.e. when hydrolysis outpaces growth). Two sets of structural observations are
likely important aspects of this behavior: (1) X-ray and cryo-EM studies have shown that tubulin adopts a bent con-
formation outside the context of the MT lattice [9,72,73], suggesting that the lattice-induced straight conformation
generates mechanical strain balanced by contacts formed within the lattice [9,74–77] and (2) the MT lattice compacts
longitudinally by ∼2 Å per dimer following GTP hydrolysis. This was first shown in mid 1990s [78,79], and recently
visualized in detail by high-resolution cryo-EM: MTs bound by the slowly hydrolyzable GTP analog GMPCPP main-
tain an extended lattice state while MTs in which GTP hydrolysis has occurred adopt a so-called compacted state
[17,19,23,26]. These studies show that lattice compaction arises from shortening of the tubulin–tubulin inter-dimer
separation as α-tubulin moves closer to the β-tubulin in the adjacent dimer in response to GTP hydrolysis.

Cryo-EM structures of the MT lattice in different nucleotide states provide structural snapshots of these dynamic
polymers. However, it is important to bear in mind that, to date, most of the cryo-EM MT structures considered in
the context of elucidating dynamic instability mechanisms have been determined in the presence of MAP or kinesin
MTBDs [17,19,23]. Furthermore, a number of these binding partners were shown to also elicit specific changes in
MT lattice conformation (Figure 3). One exception is DCX, which does not appear to strongly influence MT lattice
parameters in any nucleotide state (Figure 3, compare DCX-decorated and undecorated lattices). Thus DCX—with
its MT-nucleating and stabilizing properties—is a valuable tool for elucidation of purely nucleotide-dependent lattice
transitions underlying dynamic instability [23]. Although such studies do not show how this compaction affects lattice
energetics or strain, taken together they can be used to decipher aspects of tubulin mechanochemistry and deduce
the structural basis of MT dynamic instability.
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Figure 3. Modulation of MT-lattice conformation by MT-binding proteins and drugs

Top, schematic representation of various MT lattices used in studies addressing the mechanism of dynamic instability. Bottom, table

summarizing influence of PF-number, nucleotide state (color-coded along the rows) and MT-binding proteins and drugs on major MT

lattice parameters: the axial repeat distance of tubulin dimers (lattice spacing) and PF skew. *EB3 induces hydrolysis of GMPCPP

leading to compaction of MT lattice—only a small subset of GMPCPP-EB3 MTs has been shown to exhibit the extended lattice

conformation. The impact of different drugs on MT structure depends on whether they are present during MT assembly (pre) or are

added after the assembly (post). The summary is limited to mammalian tubulin due to the lack of unambiguous characterization of

these parameters in yeast [80–82] and other organisms; K, kinesin-1 motor domain.

Looking for the trigger of catastrophe
Considering that tubulin dimers in the lattice are under constant mechanical strain, they can be envisioned as
loaded springs that are always poised for release. Therefore, the point at which they eventually do so—driving MT
depolymerization—must be a point of imbalance between the lattice binding energy and the lattice strain energy. One
can think of three possible scenarios causing such imbalance: the post-hydrolysis lattice compaction may (1) weaken
the lattice contacts below the threshold of resisting the existing strain, (2) increase the strain beyond the resistance
threshold of the existing contacts or (3) synergize both these effects leading to lattice contacts being overcome by the
strain. The first cryo-EM reconstructions of MTs of sufficient resolution (∼4-5 Å) to reveal the structural details of
lattice compaction involved kinesin-decorated 14-PF lattices in the GMPCPP (GTP-like) and GDP states. Lattice con-
tacts were still relatively poorly defined at these resolutions, but the source of MT instability was attributed to strain
within the MT wall due to changes at the longitudinal inter-dimer contacts on lattice compaction. A subsequent study
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compared kinesin-decorated 14-PF extended GMPCPP and compacted GDP lattices with the EB-decorated 13-PF
compacted GTPγS and GDP lattices at near-atomic resolution. These comparisons identified in GTPγS and GDP
states a distortion of a helix (H8) in α-tubulin next to the longitudinal inter-dimer interface, compared with the GM-
PCPP state [19]. In addition, the compacted post-hydrolysis GTPγS and GDP structures displayedα-tubulin rotation
that led the authors to conclude that GTP hydrolysis induces strain. This idea points to scenario (2), listed above, as
the underlying explanation for MT instability: the post-hydrolysis lattice compaction increases the strain beyond the
resistance threshold of the existing contacts.

At the time of these first high-resolution studies, there were only a few MT structures suitable for accurate
cross-comparison. As a result, comparisons between inherently different MT geometries (arising from PF number
variation), conflated with binding effects of disparate MT-binding partners, such as kinesins or EBs, were inherent
to the approach (Figure 3), making it challenging to attribute conformational changes in the lattice specifically to
the nucleotide state. Since structural transitions associated with sequential steps of the GTPase action are subtle (in
the range of ∼2 Å), they ideally need to be examined in structures with a single PF architecture and binding part-
ner. We took advantage of DCX’s ability to produce uniform 13-PF MTs, as introduced earlier, to obtain a 13-PF
extended GMPCPP lattice and 13-PF compacted GDP lattice. We also developed a rapid MT polymerization and
plunge freezing protocol exploiting DCX’s robust MT nucleation activity that enabled us to capture the bona fide
GDP.Pi intermediate state [23]. Comparison of the DCX-stabilized structures at near-atomic resolution unveiled un-
even compression of α-tubulin upon lattice transition from GTP-like (GMPCPP) to GDP.Pi state (Figure 4). Such
unevenly distributed lattice compaction is dictated by the geometry of the inter-dimer longitudinal contacts, which
anchor the intermediate subdomain of α-tubulin (αI), leaving the N-terminal subdomain (αN) more translational
and rotational freedom. The resultant αN shift and twist toward the MT (−) end and lumen tightens the longitudinal
inter-dimer interaction, while loosening the lateral connection with the more restricted αI domain from the neigh-
boring PF. The subsequent Pi release (GDP.Pi to GDP transition) causes further loosening of homotypic inter-PF
contacts—this time between the β-tubulins—and further reinforces the longitudinal lattice contacts (Figure 4). This
observation supports scenario (1) above: that dynamic instability arises from the combined two-step lateral weak-
ening and longitudinal strengthening that renders the lattice unable to counteract the strain energy, triggering MT
catastrophe via well-documented PF peeling [9,83]. However, it does not exclude the third possibility (scenario (3)),
that the lattice strain also increases through those transitions as previously proposed [17,19].

The study of naked MTs—not decorated with any binding partners—by the Zhang and Nogales labs [26] presents
a parallel approach for separating the effects of nucleotide and MT-binding partners on MT structure. The authors
focused on reconstructions without imposition of pseudohelical symmetry and highlighted the role of the seam in
dynamic instability, showing its deviation from cylindrical symmetry in the GDP state, but not in the GMPCPP or
GTPγS states. From the observed ∼1–3 Å relative separation of PFs at the seam, the authors inferred that it is likely
to crack open in the absence of the stabilizing GTP cap, triggering MT catastrophe. No other post-hydrolysis changes
in any lattice contacts were described.

The GTPγS state—previously widely accepted as a surrogate of the GDP.Pi state—appears to have mixed charac-
teristics relative to the natural nucleotide states (Figure 3). Its tubulin dimer conformation resembles that of the GDP
state, but the MT lattice shows tendency for more left-handed PF skew compared with the GDP state [23,26], similar
to that of the GDP-Pi state [23] (Figure 3). This may explain preferential binding of EB proteins to GTPγS-MTs and
their dynamic MT end-tracking behavior, since EBs themselves induce a left-handed skew (Figure 3) and thus appear
to have higher affinity for that particular lattice geometry. On the other hand, similarity of the GTPγS-tubulin to
GDP-tubulin explains poor MT nucleation in the presence of this nucleotide analog [84].

The seam-centric structural model of MT catastrophe [26] and the more holistic model [23] are summarized in
Figure 5. It is uncontroversial that the seam is the weakest link in the MT after lattice compaction due to the in-
evitable mismatch between heterotypic lateral contacts. The seam-centric model assumes overall increase in lattice
strain after lattice compaction (scenario (2)), potentially corresponding to the greater conformational rigidity of the
post-hydrolysis dimer [85] by an unknown allosteric mechanism. But what about truly helical MTs that do not have
a seam? We know that in vitro experiments produce a range of MT architectures [8,13,86], including 15- and 16-PF
helical MTs, but if dynamic instability relied solely on seam instability, it suggests that a hyperstable subpopulation
of MTs would be present in dynamics assays, which has not been reported. This implies that dynamic instability
does not strictly require the presence of a seam. On the other hand, a GTPase-dependent hierarchy of strength
in all lateral contacts [23] can explain MT growth from GTP-tubulin (stronger lateral contacts) and the complete
post-hydrolysis shrinkage (weakening of all lateral contacts) without invoking lattice strain upon compaction. These
different scenarios can be computationally modeled [83,87,88], but new approaches to studying the energetic aspects
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Figure 4. Uneven compression of α-tubulin and the resultant strengthening of longitudinal and weakening of lateral lattice

contacts

(A) MT extended lattice fragment (PDB: 6EVW) seen from the lumen and colored by tubulin subdomains: αI, βI, αN, βN–intermediate

and N-terminal domains of tubulin α and β subunits, respectively. Tubulin dimer boundaries and lattice polarity are indicated, and

longitudinal inter-dimer interface is framed in a perspective rectangle; C domains are not visible from this view as they project from

the outside of the MT wall. (B) Top, αN subdomain movements after GTP hydrolysis (transition 1) and after Pi release (transition 2)

relative to the αI subdomain; αN in the GDP.Pi state is semi-transparent blue and in the GDP state—gray. Outlines are included

for convenient inspection of the movements; αN moves further than αI, as denoted with different sizes of the curved arrows.

This causes tensions between the N and I subdomains (zigzag arrow), resulting in their loosening. Bottom, (+) end view of the β

subunit’s longitudinal interface in different nucleotide states, as color-coded and shaded by subdomains; to aid viewer’s orientation,

the rectangular frame is related to that in panel (A) by 90◦ rotation; αN moves further toward the (−) end compared with αI, as it

has ample space, whereas αI extensively interacts (white shading) with the βN and βC subdomains of the preceding dimer. The

GTPase (bolt symbol)-driven transitions broaden this longitudinal interface—as indicated with outlines and white arrows—through

additional interactions with αN. Protein structures are shown with SES generated with ChimeraX [71]. The nucleotides are shown

as white and heteroatom-colored sticks, and magnesium ion is shown as a ball.

of nucleotide-dependent tubulin transitions and properties in and out of MT lattice are necessary to fully unravel the
remaining conundrums.

Conservation of MT dynamics mechanisms
It is also worth to mention that MT lattice characteristics, such as those presented in Figure 3, are not universally
conserved across species. Because native yeast (Saccharomyces cerevisiae and Schizosaccharomyces pombe) tubu-
lin can be purified in relatively large quantities, the dynamics of yeast MTs have been investigated in vitro [89,90,81].
However, they have so far proven more challenging to study by cryo-EM structural analyses with currently available
image processing and 3D reconstruction algorithms due to their heterogeneity and unusual architecture compared
with mammalian tubulin. This includes more twisted PFs [80] and potentially multiple seams—this latter idea had
been previously used to invoke the existence of EB-dependent yeast MTs composed of mostly or completely seam-like
heterotypic (α-β, β-α) lateral contacts (so called A-lattice) [91]. Multiple seams would lead to MT reconstructions
with mixed α- and β-tubulin registers [82] and thus unreliable estimates of inter- and intra-dimer spacing in the lat-
tice. Significant progress has been made in expressing tubulin recombinantly [92–94] and in isolating sufficient quan-
tities of tubulin from different organisms to undertake structural studies [95]. Future studies will shed light on whether
the mechanisms of dynamic instability described for tubulin from mammalian brain are more generally applicable.
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Figure 5. Proposed models of the structural basis of dynamic instability

Recent cryo-EM studies highlight two potential structural sources of dynamic instability: (i) lateral loosening at the MT seam (white

arrow) in the GDP state, but not in the GTP-like (GMPCPP) state or the GTPγS state [26] that shares some characteristics with the

GDP.Pi state [23] and (ii) two-step lateral loosening between all PFs in the MT lattice, first on transition to GDP.Pi state and then

to GDP state [23]. Both scenarios are depicted at the top part of the figure using schematics of MT cross-sections in transversal

plane. Due to PF stagger, the cross-section perpendicular to MT axis runs across both α- (lighter) and β-tubulin (darker), enabling

depiction of sequential lateral loosening between the subunits (curved arrows). These observations can be summarized in a single

coherent model of MT catastrophe shown in the bottom part of the figure, as the studies agree that the seam appears to be the

weakest link of the lattice.

Emerging mechanisms of MT stabilizing agents
Owing to their essential role in cell division, MTs have been targeted by various anti-tumor drugs. Some of them,
such as vinblastine or colchicine, perturb MT polymerization and their mode of interaction with curved tubulin
dimers was visualized by X-ray crystallography [96,97]. Others, such as Taxol, zampanolide and peluroside, block
MT depolymerization. Recent high-resolution cryo-EM studies shed light on the distinct impact of each of these
drugs on the MT lattice [98]. Taxol and zampanolide bind to the same pocket at the lumenal side of the β-subunit
(Figure 6), and peluroside binds directly to lateral contacts but on the outside of the MT cylinder. MTs stabilized by
Taxol or zampanolide are flexibile and characterized by slight deviations from a cylindrical shape along the MT. On
the other hand, peloruside stiffens (regularizes) the lattice, eliminates the opening otherwise present at the seam in
the GDP state (as discussed above) and overrides the flexibility from stabilization caused by Taxol in doubly bound
MTs.

While the MT-stabilization mechanism of peluroside appears straightforward, since it relies on stabilization of
lateral contacts, the mechanism of Taxol and its relatives is less obvious, and a long-running topic of debate. Some
have suggested that Taxol allosterically prevents or reverses GTPase-driven lattice compaction, thus inducing the
stable extended GTP-cap like lattice state [17]. This is in agreement with earlier work showing an increase in the
tubulin axial repeat when MTs were formed in the presence of Taxol compared with GDP-MTs without Taxol [99].
Several subsequent cryo-EM studies have shown no or only minimal (∼0.4 Å) lattice expansion in Taxol-bound MTs
[23,98] (Figure 3). Crucially, that minimal expansion was captured only when MTs were polymerized in the presence
of Taxol (Figure 3, ‘pre’) and not when Taxol was added after MT polymerization (Figure 3, ‘post’). Thus, most studies
now agree that Taxol binding neither requires lattice expansion nor causes it in pre-established MTs.
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Figure 6. Mechanism of MT stabilization by Taxol

(A and B) Taxol-bound tubulin in the straight conformation associated into PFs forming either the zinc-induced sheet lattice [100]

(A) or the MT lattice (B). Each panel shows a single-layer fragment of each lattice and MT lattice (B) is viewed from the lumen. Taxol

stabilizes each lattice against cold temperature depolymerization and aging. The PFs in the sheet (A) run in an anti-parallel fashion

and in MTs (B) in a parallel fashion, with a stagger determining helical rise of the MT cylinder. The PF polarity is indicated with (+)

and (−) signs and with the arrows running along the PF ridges (outside crests in the MT context). Tubulin backbone and nucleotides

are shown as wires, Taxol as sticks, and zinc as balls (Chimera [107]); PDB structure identifiers and the color-coding of features

are indicated; this depiction uses fading to indicate depth. (C) Close-up view on the Taxol-binding site and its perturbation upon

tubulin transition from straight (gray) to bent (magenta) conformation. Multiple straight tubulin structures (with and without Taxol)

are aligned on the β-tubulin subunit together with multiple bent tubulin structures, determined by cryo-EM or X-ray crystallography.

Tubulins are shown with backbone stick representation and Taxol with molecular surface representation. The PDB identifiers are

listed according to tubulin conformation; 6BOC can be found in both columns, since it represents a complex containing two,

Taxol-bound (straight) and unbound (bent) tubulin dimers. Straight-to-bent conformational transition moves the S9–S10 loop and

the M loop toward Taxol-binding pocket (curved arrows), which severely clashes with Taxol density (asterisks). Only in the straight

conformation the M loop is in the position compatible with forming lateral contacts (boxed with the broken line) in both MTs and

zinc-induced sheets.

Another important clue about Taxol’s mechanism of MT stabilization comes from the earliest high-resolution tubu-
lin structures solved by 2D electron crystallography of Zn2+-induced sheets of anti-parallel PFs of Taxol-bound tubu-
lin, in whichα/β-dimers adopt the MT-lattice-like straight conformation [14,100] (Figure 6). Taxol binding stabilizes
such sheets: therefore, Taxol may have a role in stabilizing this straight conformation of tubulin, as also reported else-
where [101], and this could be the basis of its MT-stabilizing mechanism. This idea is consistent with many X-ray
structures of bent tubulin, showing profound conformational change in the M-loop (the major contributor to the
lateral lattice contact) and the S9–S10 loop, lining the Taxol-binding site. The straight-to-bent transition of tubulin
moves the M-loop away from the MT lateral contact and the S9–S10 loop inside the Taxol-binding pocket, occlud-
ing it (Figure 6). No Taxol-bound structures of bent tubulin have been reported; this reinforces the idea that bound
Taxol sterically prevents the straight-to-bent transition and thus prevents PF peeling, thereby keeping the β-M-loops
in place and stabilizing lateral lattice contacts. The enhanced lattice flexibility upon Taxol binding [102] is consis-
tent with post-hydrolysis lateral loosening of the MT lattice [23]—Taxol binding does not tighten the lateral con-
tacts, but rather holds every other M-loop along the lattice in the lattice-like conformation. The lattice heterogeneity
and potential trapping of MTs in some distinct intermediate state when Taxol is present during MT polymerization
may be important in reducing the affinity of certain MAPs, like DCX, for such MTs [23,103]. Interestingly, another
MT-stabilizing drug, epothilone, binds at a similar site to Taxol [104], but it can also bind to bent tubulin [105,106].
Thus, different MT-stabilizing drugs may exploit different mechanisms to prevent MT depolymerization even while
binding in the same site on tubulin.

Beyond the lattice: MT end structures
Much of the forgoing work aimed at addressing the GTPase-linked structural transitions of tubulin at as
high-resolution as possible, has focused on the MT lattice, the regularity of which makes it highly suitable to be studied
using so-called single particle cryo-EM structural averaging approaches [108]. In contrast, the ends of MTs—where
key structural transitions that correspond to dynamic events also take place—are very heterogeneous, and it is there-
fore challenging to access their 3D structure or structures. Early cryo-EM 2D micrographs clearly demonstrated this
structural heterogeneity in vitro [9], while revealing a correlation between the overall phase of MT dynamics and
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the appearance of MT ends: the ends of MTs captured under assembly conditions showed evidence of PFs finishing
unevenly in otherwise cylindrical-appearing MTs, while the ends of disassembling MTs demonstrated elaborately
curling and apparently well-separated PFs. Later studies also described the presence in growth-promoting conditions
of—sometimes very long—sheets of tubulin PFs, gently curving away from the MT axis while retaining lateral con-
nectivity between PFs [109]. These evocative and compelling 2D images have informed decades of discussions and
models concerning dynamic instability. Importantly, they emphasize that the MT end does not correspond to a single
position or tubulin structure, but is rather a series of zones that correspond to sets of conformational transitions that
capture aspects of dynamic instability.

Cryo-electron tomography offers an unbiased route to determining 3D structures—albeit at lower resolutions—
without averaging [110]. MT ends are thus an ideal target and several groups have begun to examine MT ends in
3D by cryo-ET [111]. Visualization of MTs in 3D immediately provides a greater appreciation of the complexity of
their structures and largely supports previous concepts derived from 2D images: that at least some extended sheets
are seen at growing or stable MT ends, while PFs separate and curl away from depolymerizing ends [20,50,112,113].
However, a very recent and comprehensive study comparing MT ends from a variety of sources in vitro and in vivo
and using both cryo-EM and freeze-substituted EM samples has reached a very different conclusion: PFs at the ends
of all MTs—growing or shrinking—are all curved and not laterally connected [83]. Thus, the molecular structure of
MT ends remains a topic of active debate. Even if a consensus is reached concerning their quaternary organization,
without the structural resolution that comes from averaging, it is not currently possible to visualize the nucleotide state
of the tubulin in each region of the MT end. Thus, a central and ongoing challenge for the future will be connecting
the structure of MT ends to phases of dynamic instability and to the biochemical state of tubulin. This in turn has
wide implications for the regulation of MTs by their cellular binding partners.

Conclusion
For all aspects of MT biology, the snapshots of these polymers captured using cryo-EM will continue to provide
critical insights into the fundamental mechanisms of their dynamics, the way in which they are regulated by cellular
components, and the way in which MTs are recruited to many cellular functions in diverse physiological contexts.

Summary
• Cryo-electron microscopy allows microtubules to be captured and imaged in their solution-like

state.

• This approach has provided significant insight into their dynamic mechanisms and interactions
with cellular binding partners.

• High-resolution 3D structure determination of cryo-EM microtubule images using single particle
image processing has allowed the binding sites of numerous microtubule-associated proteins and
microtubule-stabilizing drugs to be precisely characterized.

• Low-resolution 3D structure determination using cryo-electron tomography has begun to reveal
conformational heterogeneity of microtubule ends but mechanistic consensus remains lacking.
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18 Kühlbrandt, W. (2014) Biochemistry. The resolution revolution. Science 343, 1443–1444, https://doi.org/10.1126/science.1251652
19 Zhang, R., Alushin, G.M., Brown, A. and Nogales, E. (2015) Mechanistic origin of microtubule dynamic instability and its modulation by EB proteins.

Cell 162, 849–859, https://doi.org/10.1016/j.cell.2015.07.012
20 Vemu, A., Atherton, J., Spector, J.O., Moores, C.A. and Roll-Mecak, A. (2017) Tubulin isoform composition tunes microtubule dynamics. Mol. Biol. Cell

28, 3564–3572, https://doi.org/10.1091/mbc.e17-02-0124
21 Kellogg, E.H., Howes, S., Ti, S.-C., Ramı́rez-Aportela, E., Kapoor, T.M., Chacón, P. et al. (2016) Near-atomic cryo-EM structure of PRC1 bound to the

microtubule. Proc. Natl. Acad. Sci. U.S.A. 113, 9430–9439, https://doi.org/10.1073/pnas.1609903113
22 Kellogg, E.H., Hejab, N.M.A., Poepsel, S., Downing, K.H., DiMaio, F. and Nogales, E. (2018) Near-atomic model of microtubule-tau interactions. Science

360, 1242–1246, https://doi.org/10.1126/science.aat1780
23 Manka, S.W. and Moores, C.A. (2018) The role of tubulin-tubulin lattice contacts in the mechanism of microtubule dynamic instability. Nat. Struct. Mol.

Biol. 25, 607–615, https://doi.org/10.1038/s41594-018-0087-8
24 Zhang, R., Roostalu, J., Surrey, T. and Nogales, E. (2017) Structural insight into TPX2-stimulated microtubule assembly. Elife 09, 6
25 Zhang, R. and Nogales, E. (2015) A new protocol to accurately determine microtubule lattice seam location. J. Struct. Biol. 192, 245–254,

https://doi.org/10.1016/j.jsb.2015.09.015
26 Zhang, R., LaFrance, B. and Nogales, E. (2018) Separating the effects of nucleotide and EB binding on microtubule structure. Proc. Natl. Acad. Sci.

U.S.A. 115, E6191–E6200, https://doi.org/10.1073/pnas.1802637115
27 Liu, T., Dai, A., Cao, Y., Zhang, R., Dong, M.-Q. and Wang, H.-W. (2017) Structural insights of WHAMM’s interaction with microtubules by Cryo-EM. J.

Mol. Biol. 429, 1352–1363, https://doi.org/10.1016/j.jmb.2017.03.022
28 Verhey, K.J. and Gaertig, J. (2007) The tubulin code. Cell Cycle 6, 2152–2160, https://doi.org/10.4161/cc.6.17.4633
29 Lee, G., Cowan, N. and Kirschner, M. (1988) The primary structure and heterogeneity of tau protein from mouse brain. Science 239, 285–288,

https://doi.org/10.1126/science.3122323
30 Al-Bassam, J., Ozer, R.S., Safer, D., Halpain, S. and Milligan, R.A. (2002) MAP2 and tau bind longitudinally along the outer ridges of microtubule

protofilaments. J. Cell Biol. 157, 1187–1196, https://doi.org/10.1083/jcb.200201048
31 Kar, S., Fan, J., Smith, M.J., Goedert, M. and Amos, L.A. (2003) Repeat motifs of tau bind to the insides of microtubules in the absence of taxol. EMBO

J. 22, 70–77, https://doi.org/10.1093/emboj/cdg001

748 c© 2018 The Author(s). This is an open access article published by Portland Press Limited on behalf of the Biochemical Society and distributed under the Creative Commons
Attribution License 4.0 (CC BY).

D
ow

nloaded from
 http://port.silverchair.com

/essaysbiochem
/article-pdf/62/6/737/483862/ebc-2018-0031c.pdf by guest on 10 April 2024

https://doi.org/10.1083/jcb.19.1.239
https://doi.org/10.1083/jcb.18.2.367
https://doi.org/10.1083/jcb.34.2.525
https://doi.org/10.1083/jcb.59.2.267
https://doi.org/10.1038/279607a0
https://doi.org/10.1017/S0033583500004297
https://doi.org/10.1006/jsbi.1993.1001
https://doi.org/10.1083/jcb.114.5.977
https://doi.org/10.1038/312237a0
https://doi.org/10.1083/jcb.60.1.153
https://doi.org/10.1083/jcb.121.5.1083
https://doi.org/10.1006/jmbi.2000.3696
https://doi.org/10.1038/34465
https://doi.org/10.1146/annurev.biochem.69.1.277
https://doi.org/10.1083/jcb.200612090
https://doi.org/10.1016/j.cell.2014.03.053
https://doi.org/10.1126/science.1251652
https://doi.org/10.1016/j.cell.2015.07.012
https://doi.org/10.1091/mbc.e17-02-0124
https://doi.org/10.1073/pnas.1609903113
https://doi.org/10.1126/science.aat1780
https://doi.org/10.1038/s41594-018-0087-8
https://doi.org/10.1016/j.jsb.2015.09.015
https://doi.org/10.1073/pnas.1802637115
https://doi.org/10.1016/j.jmb.2017.03.022
https://doi.org/10.4161/cc.6.17.4633
https://doi.org/10.1126/science.3122323
https://doi.org/10.1083/jcb.200201048
https://doi.org/10.1093/emboj/cdg001


Essays in Biochemistry (2018) 62 737–751
https://doi.org/10.1042/EBC20180031

32 Serrano, L., Montejo de Garcini, E., Hernández, M.A. and Avila, J. (1985) Localization of the tubulin binding site for tau protein. Eur. J. Biochem. 153,
595–600, https://doi.org/10.1111/j.1432-1033.1985.tb09342.x

33 Fitzpatrick, A.W.P., Falcon, B., He, S., Murzin, A.G., Murshudov, G., Garringer, H.J. et al. (2017) Cryo-EM structures of tau filaments from Alzheimer’s
disease. Nature 547, 185–190, https://doi.org/10.1038/nature23002

34 Wittmann, T., Wilm, M., Karsenti, E. and Vernos, I. (2000) TPX2, a novel xenopus MAP involved in spindle pole organization. J. Cell Biol. 149,
1405–1418, https://doi.org/10.1083/jcb.149.7.1405

35 Campellone, K.G., Webb, N.J., Znameroski, E.A. and Welch, M.D. (2008) WHAMM is an Arp2/3 complex activator that binds microtubules and
functions in ER to Golgi transport. Cell 134, 148–161, https://doi.org/10.1016/j.cell.2008.05.032

36 Campellone, K.G. and Welch, M.D. (2010) A nucleator arms race: cellular control of actin assembly. Nat. Rev. Mol. Cell Biol. 11, 237–251,
https://doi.org/10.1038/nrm2867

37 Shen, Q.-T., Hsiue, P.P., Sindelar, C.V., Welch, M.D., Campellone, K.G. and Wang, H.-W. (2012) Structural insights into WHAMM-mediated cytoskeletal
coordination during membrane remodeling. J. Cell Biol. 199, 111–124, https://doi.org/10.1083/jcb.201204010

38 Bieling, P., Laan, L., Schek, H., Munteanu, E.L., Sandblad, L., Dogterom, M. et al. (2007) Reconstitution of a microtubule plus-end tracking system in
vitro. Nature 450, 1100–1105, https://doi.org/10.1038/nature06386

39 Maurer, S.P., Cade, N.I., Bohner, G., Gustafsson, N., Boutant, E. and Surrey, T. (2014) EB1 accelerates two conformational transitions important for
microtubule maturation and dynamics. Curr. Biol. 24, 372–384, https://doi.org/10.1016/j.cub.2013.12.042

40 Maurer, S.P., Fourniol, F.J., Bohner, G., Moores, C.A. and Surrey, T. (2012) EBs recognize a nucleotide-dependent structural cap at growing microtubule
ends. Cell 149, 371–382, https://doi.org/10.1016/j.cell.2012.02.049

41 Maurer, S.P., Bieling, P., Cope, J., Hoenger, A. and Surrey, T. (2011) GTPgammaS microtubules mimic the growing microtubule end structure
recognized by end-binding proteins (EBs). Proc. Natl. Acad. Sci. U.S.A. 108, 3988–3993, https://doi.org/10.1073/pnas.1014758108

42 Wilson-Kubalek, E.M., Cheeseman, I.M. and Milligan, R.A. (2016) Structural comparison of the Caenorhabditis elegans and human Ndc80 complexes
bound to microtubules reveals distinct binding behavior. Mol. Biol. Cell 27, 1197–1203, https://doi.org/10.1091/mbc.e15-12-0858

43 Wei, R.R., Al-Bassam, J. and Harrison, S.C. (2007) The Ndc80/HEC1 complex is a contact point for kinetochore-microtubule attachment. Nat. Struct.
Mol. Biol. 14, 54–59, https://doi.org/10.1038/nsmb1186

44 Cheeseman, I.M., Anderson, S., Jwa, M., Green, E.M., Kang, J.S., Yates, J.R. et al. (2002) Phospho-regulation of kinetochore-microtubule attachments
by the Aurora kinase Ipl1p. Cell 111, 163–172, https://doi.org/10.1016/S0092-8674(02)00973-X

45 Alushin, G.M., Ramey, V.H., Pasqualato, S., Ball, D.A., Grigorieff, N., Musacchio, A. et al. (2010) The Ndc80 kinetochore complex forms oligomeric
arrays along microtubules. Nature 467, 805–810, https://doi.org/10.1038/nature09423

46 Alushin, G.M., Musinipally, V., Matson, D., Tooley, J., Stukenberg, P.T. and Nogales, E. (2012) Multimodal microtubule binding by the Ndc80
kinetochore complex. Nat. Struct. Mol. Biol. 19, 1161–1167, https://doi.org/10.1038/nsmb.2411

47 Alushin, G. and Nogales, E. (2011) Visualizing kinetochore architecture. Curr. Opin. Struct. Biol. 21, 661–669,
https://doi.org/10.1016/j.sbi.2011.07.009

48 Goodwin, S.S. and Vale, R.D. (2010) Patronin regulates the microtubule network by protecting microtubule minus ends. Cell 143, 263–274,
https://doi.org/10.1016/j.cell.2010.09.022

49 Akhmanova, A. and Hoogenraad, C.C. (2015) Microtubule minus-end-targeting proteins. Curr. Biol. 25, R162–171,
https://doi.org/10.1016/j.cub.2014.12.027

50 Atherton, J., Jiang, K., Stangier, M.M., Luo, Y., Hua, S., Houben, K. et al. (2017) A structural model for microtubule minus-end recognition and
protection by CAMSAP proteins. Nat. Struct. Mol. Biol. 24, 931–943, https://doi.org/10.1038/nsmb.3483

51 Moores, C.A., Perderiset, M., Francis, F., Chelly, J., Houdusse, A. and Milligan, R.A. (2004) Mechanism of microtubule stabilization by doublecortin.
Mol. Cell 14, 833–839, https://doi.org/10.1016/j.molcel.2004.06.009

52 Moores, C.A., Perderiset, M., Kappeler, C., Kain, S., Drummond, D., Perkins, S.J. et al. (2006) Distinct roles of doublecortin modulating the microtubule
cytoskeleton. EMBO J. 25, 4448–4457, https://doi.org/10.1038/sj.emboj.7601335

53 Fourniol, F.J., Sindelar, C.V., Amigues, B., Clare, D.K., Thomas, G., Perderiset, M. et al. (2010) Template-free 13-protofilament microtubule-MAP
assembly visualized at 8 A resolution. J. Cell Biol. 191, 463–470, https://doi.org/10.1083/jcb.201007081

54 Jiang, W., Jimenez, G., Wells, N.J., Hope, T.J., Wahl, G.M., Hunter, T. et al. (1998) PRC1: a human mitotic spindle-associated CDK substrate protein
required for cytokinesis. Mol. Cell 2, 877–885, https://doi.org/10.1016/S1097-2765(00)80302-0

55 Subramanian, R., Wilson-Kubalek, E.M., Arthur, C.P., Bick, M.J., Campbell, E.A., Darst, S.A. et al. (2010) Insights into antiparallel microtubule
crosslinking by PRC1, a conserved nonmotor microtubule binding protein. Cell 142, 433–443, https://doi.org/10.1016/j.cell.2010.07.012

56 Hirose, K., Lockhart, A., Cross, R.A. and Amos, L.A. (1995) Nucleotide-dependent angular change in kinesin motor domain bound to tubulin. Nature
376, 277–279, https://doi.org/10.1038/376277a0

57 Sosa, H., Dias, D.P., Hoenger, A., Whittaker, M., Wilson-Kubalek, E., Sablin, E. et al. (1997) A model for the microtubule-Ncd motor protein complex
obtained by cryo-electron microscopy and image analysis. Cell 90, 217–224, https://doi.org/10.1016/S0092-8674(00)80330-X

58 Rice, S., Lin, A.W., Safer, D., Hart, C.L., Naber, N., Carragher, B.O. et al. (1999) A structural change in the kinesin motor protein that drives motility.
Nature 402, 778–784, https://doi.org/10.1038/45483

59 Atherton, J., Farabella, I., Yu, I.-M., Rosenfeld, S.S., Houdusse, A., Topf, M. et al. (2014) Conserved mechanisms of microtubule-stimulated ADP
release, ATP binding, and force generation in transport kinesins. Elife 3, e03680, https://doi.org/10.7554/eLife.03680

60 Shang, Z., Zhou, K., Xu, C., Csencsits, R., Cochran, J.C. and Sindelar, C.V. (2014) High-resolution structures of kinesin on microtubules provide a basis
for nucleotide-gated force-generation. Elife 3, e04686, https://doi.org/10.7554/eLife.04686

61 Benoit, MPMH, Asenjo, A.B. and Sosa, H. (2018) Cryo-EM reveals the structural basis of microtubule depolymerization by kinesin-13s. Nat. Commun.
9, 1662, https://doi.org/10.1038/s41467-018-04044-8

c© 2018 The Author(s). This is an open access article published by Portland Press Limited on behalf of the Biochemical Society and distributed under the Creative Commons
Attribution License 4.0 (CC BY).

749

D
ow

nloaded from
 http://port.silverchair.com

/essaysbiochem
/article-pdf/62/6/737/483862/ebc-2018-0031c.pdf by guest on 10 April 2024

https://doi.org/10.1111/j.1432-1033.1985.tb09342.x
https://doi.org/10.1038/nature23002
https://doi.org/10.1083/jcb.149.7.1405
https://doi.org/10.1016/j.cell.2008.05.032
https://doi.org/10.1038/nrm2867
https://doi.org/10.1083/jcb.201204010
https://doi.org/10.1038/nature06386
https://doi.org/10.1016/j.cub.2013.12.042
https://doi.org/10.1016/j.cell.2012.02.049
https://doi.org/10.1073/pnas.1014758108
https://doi.org/10.1091/mbc.e15-12-0858
https://doi.org/10.1038/nsmb1186
https://doi.org/10.1016/S0092-8674(02)00973-X
https://doi.org/10.1038/nature09423
https://doi.org/10.1038/nsmb.2411
https://doi.org/10.1016/j.sbi.2011.07.009
https://doi.org/10.1016/j.cell.2010.09.022
https://doi.org/10.1016/j.cub.2014.12.027
https://doi.org/10.1038/nsmb.3483
https://doi.org/10.1016/j.molcel.2004.06.009
https://doi.org/10.1038/sj.emboj.7601335
https://doi.org/10.1083/jcb.201007081
https://doi.org/10.1016/S1097-2765(00)80302-0
https://doi.org/10.1016/j.cell.2010.07.012
https://doi.org/10.1038/376277a0
https://doi.org/10.1016/S0092-8674(00)80330-X
https://doi.org/10.1038/45483
https://doi.org/10.7554/eLife.03680
https://doi.org/10.7554/eLife.04686
https://doi.org/10.1038/s41467-018-04044-8


Essays in Biochemistry (2018) 62 737–751
https://doi.org/10.1042/EBC20180031

62 Carter, A.P., Garbarino, J.E., Wilson-Kubalek, E.M., Shipley, W.E., Cho, C., Milligan, R.A. et al. (2008) Structure and functional role of dynein’s
microtubule-binding domain. Science 322, 1691–1695, https://doi.org/10.1126/science.1164424

63 Redwine, W.B., Hernandez-Lopez, R., Zou, S., Huang, J., Reck-Peterson, S.L. and Leschziner, A.E. (2012) Structural basis for microtubule binding and
release by dynein. Science 337, 1532–1536, https://doi.org/10.1126/science.1224151

64 Oda, T., Hirokawa, N. and Kikkawa, M. (2007) Three-dimensional structures of the flagellar dynein-microtubule complex by cryoelectron microscopy.
J. Cell Biol. 177, 243–252, https://doi.org/10.1083/jcb.200609038

65 Bui, K.H., Sakakibara, H., Movassagh, T., Oiwa, K. and Ishikawa, T. (2009) Asymmetry of inner dynein arms and inter-doublet links in Chlamydomonas
flagella. J. Cell Biol. 186, 437–446, https://doi.org/10.1083/jcb.200903082

66 Grotjahn, D.A., Chowdhury, S., Xu, Y., McKenney, R.J., Schroer, T.A. and Lander, G.C. (2018) Author Correction: Cryo-electron tomography reveals that
dynactin recruits a team of dyneins for processive motility. Nat. Struct. Mol. Biol. 25, 355, https://doi.org/10.1038/s41594-018-0043-7

67 Lin, J. and Nicastro, D. (2018) Asymmetric distribution and spatial switching of dynein activity generates ciliary motility. Science 360,
https://doi.org/10.1126/science.aar1968

68 Atherton, J., Houdusse, A. and Moores, C. (2013) MAPping out distribution routes for kinesin couriers. Biol. Cell. 105, 465–487
69 Liu, J.S., Schubert, C.R., Fu, X., Fourniol, F.J., Jaiswal, J.K., Houdusse, A. et al. (2012) Molecular basis for specific regulation of neuronal kinesin-3

motors by doublecortin family proteins. Mol. Cell 47, 707–721, https://doi.org/10.1016/j.molcel.2012.06.025
70 Monroy, B.Y., Sawyer, D.L., Ackermann, B.E., Borden, M.M., Tan, T.C. and Ori-McKenney, K.M. (2018) Competition between microtubule-associated

proteins directs motor transport. Nat. Commun. 9, 1487, https://doi.org/10.1038/s41467-018-03909-2
71 Goddard, T.D., Huang, C.C., Meng, E.C., Pettersen, E.F., Couch, G.S., Morris, J.H. et al. (2018) UCSF ChimeraX: meeting modern challenges in

visualization and analysis: UCSF ChimeraX Visualization System. Protein Sci. 27, 14–25, https://doi.org/10.1002/pro.3235
72 Gigant, B., Curmi, P.A., Martin-Barbey, C., Charbaut, E., Lachkar, S., Lebeau, L. et al. (2000) The 4 A X-ray structure of a tubulin:stathmin-like domain

complex. Cell 102, 809–816, https://doi.org/10.1016/S0092-8674(00)00069-6
73 Nawrotek, A., Knossow, M. and Gigant, B. (2011) The determinants that govern microtubule assembly from the atomic structure of GTP-tubulin. J.

Mol. Biol. 412, 35–42, https://doi.org/10.1016/j.jmb.2011.07.029
74 Grishchuk, E.L., Molodtsov, M.I., Ataullakhanov, F.I. and McIntosh, J.R. (2005) Force production by disassembling microtubules. Nature 438, 384–388,

https://doi.org/10.1038/nature04132
75 McIntosh, J.R., Grishchuk, E.L., Morphew, M.K., Efremov, A.K., Zhudenkov, K., Volkov, V.A. et al. (2008) Fibrils connect microtubule tips with

kinetochores: a mechanism to couple tubulin dynamics to chromosome motion. Cell 135, 322–333, https://doi.org/10.1016/j.cell.2008.08.038
76 Rice, L.M., Montabana, E.A. and Agard, D.A. (2008) The lattice as allosteric effector: structural studies of alphabeta- and gamma-tubulin clarify the

role of GTP in microtubule assembly. Proc. Natl. Acad. Sci. U.S.A. 105, 5378–5383, https://doi.org/10.1073/pnas.0801155105
77 Driver, J.W., Geyer, E.A., Bailey, M.E., Rice, L.M. and Asbury, C.L. (2017) Direct measurement of conformational strain energy in protofilaments curling

outward from disassembling microtubule tips. Elife 6, https://doi.org/10.7554/eLife.28433
78 Vale, R.D., Coppin, C.M., Malik, F., Kull, F.J. and Milligan, R.A. (1994) Tubulin GTP hydrolysis influences the structure, mechanical properties, and

kinesin-driven transport of microtubules. J. Biol. Chem. 269, 23769–23775
79 Hyman, A.A., Chrétien, D., Arnal, I. and Wade, R.H. (1995) Structural changes accompanying GTP hydrolysis in microtubules: information from a slowly

hydrolyzable analogue guanylyl- (alpha,beta)-methylene-diphosphonate. J. Cell Biol. 128, 117–125, https://doi.org/10.1083/jcb.128.1.117
80 von Loeffelholz, O., Venables, N.A., Drummond, D.R., Katsuki, M., Cross, R. and Moores, C.A. (2017) Nucleotide- and Mal3-dependent changes in

fission yeast microtubules suggest a structural plasticity view of dynamics. Nat. Commun. 8, 2110, https://doi.org/10.1038/s41467-017-02241-5
81 Howes, S.C., Geyer, E.A., LaFrance, B., Zhang, R., Kellogg, E.H., Westermann, S. et al. (2018) Structural and functional differences between porcine

brain and budding yeast microtubules. Cell Cycle 17, 278–287, https://doi.org/10.1080/15384101.2017.1415680
82 Howes, S.C., Geyer, E.A., LaFrance, B., Zhang, R., Kellogg, E.H., Westermann, S. et al. (2017) Structural differences between yeast and mammalian

microtubules revealed by cryo-EM. J. Cell Biol. 216, 2669–2677
83 McIntosh, J.R., O’Toole, E., Morgan, G., Austin, J., Ulyanov, E., Ataullakhanov, F. et al. (2018) Microtubules grow by the addition of bent guanosine

triphosphate tubulin to the tips of curved protofilaments. J. Cell Biol. 217, 2691–2708, https://doi.org/10.1083/jcb.201802138
84 Hamel, E. and Lin, C.M. (1984) Guanosine 5’-O- (3-thiotriphosphate), a potent nucleotide inhibitor of microtubule assembly. J. Biol. Chem. 259,

11060–11069
85 Igaev, M. and Grubmüller, H. (2018) Microtubule assembly governed by tubulin allosteric gain in flexibility and lattice induced fit. Elife 7,

https://doi.org/10.7554/eLife.34353
86 Sui, H. and Downing, K.H. (2010) Structural basis of interprotofilament interaction and lateral deformation of microtubules. Structure 18, 1022–1031,

https://doi.org/10.1016/j.str.2010.05.010
87 Zakharov, P., Gudimchuk, N., Voevodin, V., Tikhonravov, A., Ataullakhanov, F.I. and Grishchuk, E.L. (2015) Molecular and mechanical causes of

microtubule catastrophe and aging. Biophys. J. 109, 2574–2591, https://doi.org/10.1016/j.bpj.2015.10.048
88 VanBuren, V., Odde, D.J. and Cassimeris, L. (2002) Estimates of lateral and longitudinal bond energies within the microtubule lattice. Proc. Natl. Acad.

Sci. U.S.A. 99, 6035–6040, https://doi.org/10.1073/pnas.092504999
89 Bode, C.J., Gupta, M.L., Reiff, E.A., Suprenant, K.A., Georg, G.I. and Himes, R.H. (2002) Epothilone and paclitaxel: unexpected differences in promoting

the assembly and stabilization of yeast microtubules. Biochemistry 41, 3870–3874, https://doi.org/10.1021/bi0121611
90 Drummond, D.R., Kain, S., Newcombe, A., Hoey, C., Katsuki, M. and Cross, R.A. (2011) Purification of tubulin from the fission yeast

Schizosaccharomyces pombe. Methods Mol. Biol. 777, 29–55, https://doi.org/10.1007/978-1-61779-252-6˙3
91 des Georges, A., Katsuki, M., Drummond, D.R., Osei, M., Cross, R.A. and Amos, L.A. (2008) Mal3, the Schizosaccharomyces pombe homolog of EB1,

changes the microtubule lattice. Nat. Struct. Mol. Biol. 15, 1102–1108, https://doi.org/10.1038/nsmb.1482

750 c© 2018 The Author(s). This is an open access article published by Portland Press Limited on behalf of the Biochemical Society and distributed under the Creative Commons
Attribution License 4.0 (CC BY).

D
ow

nloaded from
 http://port.silverchair.com

/essaysbiochem
/article-pdf/62/6/737/483862/ebc-2018-0031c.pdf by guest on 10 April 2024

https://doi.org/10.1126/science.1164424
https://doi.org/10.1126/science.1224151
https://doi.org/10.1083/jcb.200609038
https://doi.org/10.1083/jcb.200903082
https://doi.org/10.1038/s41594-018-0043-7
https://doi.org/10.1126/science.aar1968
https://doi.org/10.1016/j.molcel.2012.06.025
https://doi.org/10.1038/s41467-018-03909-2
https://doi.org/10.1002/pro.3235
https://doi.org/10.1016/S0092-8674(00)00069-6
https://doi.org/10.1016/j.jmb.2011.07.029
https://doi.org/10.1038/nature04132
https://doi.org/10.1016/j.cell.2008.08.038
https://doi.org/10.1073/pnas.0801155105
https://doi.org/10.7554/eLife.28433
https://doi.org/10.1083/jcb.128.1.117
https://doi.org/10.1038/s41467-017-02241-5
https://doi.org/10.1080/15384101.2017.1415680
https://doi.org/10.1083/jcb.201802138
https://doi.org/10.7554/eLife.34353
https://doi.org/10.1016/j.str.2010.05.010
https://doi.org/10.1016/j.bpj.2015.10.048
https://doi.org/10.1073/pnas.092504999
https://doi.org/10.1021/bi0121611
https://doi.org/10.1007/978-1-61779-252-6_3
https://doi.org/10.1038/nsmb.1482


Essays in Biochemistry (2018) 62 737–751
https://doi.org/10.1042/EBC20180031

92 Minoura, I., Hachikubo, Y., Yamakita, Y., Takazaki, H., Ayukawa, R., Uchimura, S. et al. (2013) Overexpression, purification, and functional analysis of
recombinant human tubulin dimer. FEBS Lett. 587, 3450–3455, https://doi.org/10.1016/j.febslet.2013.08.032

93 Vemu, A., Garnham, C.P., Lee, D.-Y. and Roll-Mecak, A. (2014) Generation of differentially modified microtubules using in vitro enzymatic approaches.
Meth Enzymol. 540, 149–166, https://doi.org/10.1016/B978-0-12-397924-7.00009-1

94 Ti, S.-C., Pamula, M.C., Howes, S.C., Duellberg, C., Cade, N.I., Kleiner, R.E. et al. (2016) Mutations in human tubulin proximal to the kinesin-binding
site alter dynamic instability at microtubule plus- and minus-ends. Dev. Cell 37, 72–84, https://doi.org/10.1016/j.devcel.2016.03.003

95 Widlund, P.O., Podolski, M., Reber, S., Alper, J., Storch, M., Hyman, A.A. et al. (2012) One-step purification of assembly-competent tubulin from
diverse eukaryotic sources. Mol. Biol. Cell 23, 4393–4401, https://doi.org/10.1091/mbc.e12-06-0444

96 Gigant, B., Wang, C., Ravelli, R.B.G., Roussi, F., Steinmetz, M.O., Curmi, P.A. et al. (2005) Structural basis for the regulation of tubulin by vinblastine.
Nature 435, 519–522, https://doi.org/10.1038/nature03566
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